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Summary

Research on emerging infectious wildlife diseases has
placed particular emphasis on host-derived barriers to infec-

tion and disease. This focus neglects important extrinsic
determinants of the host/pathogen dynamic, where all bar-

riers to infection should be considered when ascertaining

the determinants of infectivity and pathogenicity of wildlife
pathogens [1–3]. Those pathogens with free-living stages,

such as fungi causing catastrophic wildlife declines on a
global scale [4], must confront lengthy exposure to environ-

mental barriers before contact with an uninfected host
[5–8]. Hostile environmental conditions therefore have the

ability to decrease the density of infectious particles,
reducing the force of infection and ameliorating the impact

as well as the probability of establishing an infection [9].
Here we show that, in nature, the risk of infection and infec-

tious burden of amphibians infected by the chytrid fungus
Batrachochytrium dendrobatidis (Bd) have a significant,

site-specific component, and that these correlate with the
microfauna present at a site. Experimental infections show

that aquatic microfauna can rapidly lower the abundance
anddensityof infectiousstagesbyconsumingBdzoospores,

resulting in a significantly reduced probability of infection in
anuran tadpoles. Our findings offer new perspectives for ex-

plaining the divergent impacts of Bd infection in amphibian
assemblages and contribute to our understanding of

ecosystem resilience to colonization by novel pathogens.
Results

We investigated the infection dynamics of one of
the most devastating wildlife pathogens, Batrachochytrium
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dendrobatidis (hereafter Bd) [10]. Although Bd is associated
with species declines and mass mortalities of amphibians
worldwide, prevalence varies significantly at local and regional
scales [11–13]. Even a single highly susceptible host species,
such as the European midwife toad Alytes obstetricans, can
exhibit strong variation in the prevalence of infection across
small geographic scales. Mortality in this species owing to
chytridiomycosis correlates positively with altitude, which is
due at least in part to the effects of environmental temperature
[11, 13, 14]. However, this does not explain why sites with
equivalent temperature regimes can still exhibit substantial
variation in prevalence and mortality associated with infection
[13], or why Bd-positive sites were found to be more similar to
each other than would be expected based on chance [15]. We
first used water sampled at amphibian breeding sites located
in the Pyrenees with known histories of presence of Bd in
the sentinel amphibian host species,A. obstetricans, to exper-
imentally examine the effect of water and the aquatic microbial
community on the probability of infection. The majority of
these sites (n = 23) contain populations of A. obstetricans
that exhibit low prevalence (<5%) or complete lack of infection
(minimum sampling size = 30 individuals) and an absence of
mortality in A. obstetricans across up to 6 years of field sam-
pling, while a smaller number of populations (n = 9) have
consistently exhibited high prevalence (usually R90%) over
time (up to 10 years). Mass mortalities of recently metamor-
phosed A. obstetricans were observed over the same time
span at those sites exhibiting 97% to 100% Bd prevalence
(see Table S1 available online).

Dynamics of Motile and Immotile Bd Zoospores in

Environmental Water
We investigated whether unfiltered environmental water
affected the motility of Bd zoospores based on the prevalence
of the source of the water in past years (experiment 1). We
found that the number of motile zoospores varied significantly
and in accordance with observed patterns of infection at the
source of the water (generalized linear mixed model [GLMM];
F1,244 = 14.18; p < 0.001). Motile zoospores decreased as early
as 2 hr after exposure to water from low-prevalence sites,
while the number of motile zoospores in cultures that were
exposed to water from high-prevalence sites only declined
33 hr after exposure (Figure 1). Counts of immotile zoospores
did not differ significantly between low- and high-prevalence
sites (GLMM; F1,244 = 0.35; p = 0.554; Figure S1). To determine
whether loss of motility was associated with zoospore death
(experiment 2), we assayed the viability of zoospores exposed
for 24 hr to the two types of water using quantitative PCR.
Zoospore survival was significantly greater in water from sites
with high prevalence of infection (GLM; F1,23 = 4.65; p = 0.042).
Water from high-prevalence sites also contained significantly
reduced numbers of protozoans and microscopic metazoans
compared to water from low-prevalence sites (generalized
linear model [GLM]; F1,23 = 8.14; p = 0.004, Figure S2). Further-
more, the number of protozoans and microscopic metazoans
was significantly and negatively correlated with the observed
Bd prevalence in 2012 (n = 25; rs = 20.430; p = 0.033) and
was positively correlated with the reduction in the number of
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Figure 1. Dynamics of Bd Zoospores under Lab Conditions in Water of

High- and Low-Prevalence Sites

Relative counts of viable zoospores (counts for each water sample were

standardized relative to counts at t = 0) exposed to water from high-preva-

lence (C) versus low-prevalence sites (B). Controls are counts of viable

zoospores in treatments where distilled water was added to the culture.

Error bars indicate SEM across water samples in the same prevalence

group. *p % 0.05, **p % 0.01, ***p % 0.001 by post hoc pairwise test.
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viableBd zoospores (n = 25; rs = 0.682; p < 0.001; Table S1).Bd
prevalence in 2012 was positively correlated with the altitude
of the site (n = 32; rs = 0.779; p < 0.001), whereas water acidity
and conductivity had no apparent effect on zoospore survival
(Table S1). The best model explaining the reduction in viable
zoospores in our experiment included both the number of pro-
tozoans and microscopic metazoans and altitude, but not pH
(F1,23 = 8.267; p = 0.002, Akaike information criterion [AIC]
43.087), and Bd prevalence in 2012 was best explained by alti-
tude (F1,23 = 18.976; p < 0.001, AIC 180.765; Table S1). Filtering
out microorganisms with 0.45 mm cellulose acetate syringe fil-
ters (experiment 3) significantly reduced the ability of water
from low-prevalence sites to cause mortality of Bd zoospores
(GLMM; F1,231 = 91.95; p < 0.001; Figure S3). Our observations
in the first set of experiments suggested that the process
through which Bd zoospore viability is affected is determined
not by water quality but rather by the resident aquatic
microfauna.

Challenge Experiments in Environmental Water
We directly tested the infectivity of zoospores in each different
water type by exposing uninfected A. obstetricans tadpoles to
zoospores in water from the two prevalence categories (<5%
and >90% prevalence) and also zoospores in water from
low-prevalence sites that had been heat treated (boiled for
15 min) to kill resident microfauna (experiment 4). Infection
was significantly greater 8 days after exposure in tadpoles
that had been exposed in either water from high-prevalence
sites or heat-treated water from low-prevalence sites
(F2,93.1 = 17.14; p < 0.001; Figure 2). Although prevalence in tad-
poles exposed in water from low-prevalence sites increased
12 days postexposure, infections of these animals were signif-
icantly weaker than infections of animals exposed in water
from high-prevalence sites (post hoc pairwise test, p = 0.041)
and trended in the same direction as experiments using
heat-treated low-prevalence water (Figure 2).

Effect of Different Microorganisms on Bd Infection Rate
To investigate whether specific microorganisms could be
responsible for the observed patterns, we exposed Bd zoo-
spores to 14 freshwater protozoans and microbial metazoans
and again quantified zoospore viability (experiment 5). Two of
these species (Paramecium aurelia and Lecane stichaea) were
isolated fromPyreneanwater samples, and 12were sister spe-
cies of microorganisms commonly found in Pyrenean lakes.
The viability of Bd zoospores varied substantially when
exposed to different microorganisms (20.04 6 0.19 log10

genomic equivalent [GE] for the species associated with the
smallest reduction in viable Bd zoospores [Stentor coeruleus]
to 2.02 6 0.36 log10 GE for the species associated with the
greatest reduction in viable zoospores, the rotifer Notommati-
dae spp.; Figure 3). To determine the mechanism underlying
this pattern, we observed the interactions between fluores-
cently stained zoospores and six microorganisms used in
experiment 5: two that had the weakest impact on zoospore
viability (Dileptus anser and S. coeruleus), two that had the
greatest impact (P. caudatum and Notommatidae spp., exper-
iment 6), and the two species isolated from Pyrenean sites
(P. aurelia and L. stichaea). Our observations suggest that
the process through which viability is affected is due at least
in part to ingestion of zoospores (Figure S4). Interestingly,
Figure 2. Infection Probability and Strength in

Different Water Treatments

Impact of water source and heat treatment

on infection strength (A) and infection proba-

bility at 5, 8, and 12 days postexposure in

A. obstetricans tadpoles (B). Different bar shading

indicates different water types and treatments.

Strength of infection is the uncorrected qPCR

estimate of the average number of zoospores

(genomic equivalents, GE) for each water cate-

gory. Pairwise p values from Tukey’s post hoc

tests are shown.



Figure 3. Reduction of Zoospore Viability Associated with the Presence of

14 Protozoan/Metazoan Species

Reduction of viability represented as log10 GE of viable Bd zoospores after

24 hr + 1 hr SD. Error bars indicate SEM of three replicates per species. Two

species were bred from samples stemming from our Pyrenean sites, the Le-

canidae rotifer Lecane stichaea and the Parameciidae ciliate Paramecium

aurelia.

Figure 4. Challenge Experiment under the Influence of Microfauna

Number of infected tadpoles (A and C) and intensity of infection (B and D) of

Discoglossus scovazzi tadpoles exposed repeatedly to Bd zoospores and

cohoused with Notommatidae spp. (A), Paramecium caudatum (A and B),

or P. aurelia from the Pyrenees (C and D) or housed in the absence of

microorganisms.
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despite substantial differences in body size (lorica size in
rotifers; length along longest axis in ciliates), some ciliates
(size range 40–750 mm) and rotifers (size range 20–180 mm)
performed equally well in their ability to decrease the viability
of Bd zoospores under laboratory conditions.

In our final experiment, we tested whether microorganisms
with different impacts on zoospore viability determined the
probability of infection in the predicted manner. We exposed
tadpoles (Discoglossus scovazzi) to Bd zoospores in water
containing one of the three presumed predatory microorgan-
isms (P. aurelia isolated from the Pyrenees, P. caudatum, or
the rotifer Notommatidae spp.; experiment 7). The presence
of microorganisms significantly affected the probability of
infection (GLMM; F1,119 = 34.41, p < 0.0001; Figure 4A; F2,43 =
11.93, p = 0.003; Figure 4C). None of the tadpoles exposed
with Notommatidae spp. developed infections, 3 of 15 tad-
poles were infected in the presence of P. caudatum, and 16
of 60 tadpoles exposed with the Pyrenean P. aurelia were in-
fected (Figure 4). P. aurelia isolated from the Pyrenees also
reduced significantly the strength of infection (GE) compared
to control tadpoles (GLMM; F1,66 = 18.82, p = 0.012; Figure 4D),
whereas this was not the case between control tadpoles
and those housed with lab-reared P. caudatum treatments
(GLMM; F1,8 = 2.03, p = 0.757; Figure 4B).

Discussion

The ability of microorganisms to forage on Bd zoospores has
been postulated but never explicitly shown and then linked
to both field conditions and experimentally derived patterns
of infection [16, 17]. Here we demonstrate that ciliate and
rotifer microorganisms are effective consumers of Bd zoo-
spores in the Pyrenean mountain lakes, reducing the number
of free-swimming, infectious zoospores. The presence of
thesemicroorganisms also reduces the probability of infection
in two amphibian species that are highly susceptible to Bd.
Due to the dose-dependent impact of infection by Bd on
host life-history traits, decreasing their infection burden will
reduce the impact of Bd on larval development and probably
postmetamorphic survival [18]. Bd infection may result in
host mortality only when a threshold density of sporangia
(infection intensity) is reached [18], implying that control may
be achieved by limiting the number of Bd zoospores. Our
study raises hope that the rate and intensity of Bd infection
in amphibian populations can be manipulated by natural
means, and that appropriate methods of natural augmentation
of predatory microorganisms will significantly decrease the
adverse effects of chytridiomycosis on amphibians and
ecosystems.
The results of our experiments show that both the preva-

lence and intensity of infection in larvae of A. obstetricans
are site dependent and correlate with the presence of indige-
nous predatory microorganisms in the water; we experimen-
tally confirmed this latter pattern in a second susceptible
species (D. scovazzi). We were able to show that rotifers and
ciliates reduce the number of Bd zoospores in the environ-
ment and that this reduction might occur in several different
ways, such as concomitant predation, predation of free-
living stages, or passive consumption and filtration [19].
Predatory microorganisms such as the ciliates P. caudatum
and P. aurelia and the rotifers Notommatidae spp. and
L. stichaea appear to have a higher foraging efficacy for Bd
zoospores, ingesting Bd zoospores more efficiently than
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planktonic species with different foraging strategies, for
example D. anser and S. coeruleus. Indeed, it is likely that
only a few typical freshwater plankton species may be unable
to ingest Bd zoospores. Microorganisms able to prey on Bd
zoospores are expected to be numerous, as aquatic environ-
ments are rich with species of chytrid that utilize zoospores
as a dispersal unit and therefore represent a rich source of
potential nutrition [20]. This observation has been confirmed
by laboratory-based studies showing that planktonic Daphnia
species can consume Bd [16, 17]. Therefore, we suggest that
many indigenous plankton species are preadapted to preying
on Bd zoospores, as these are similar in size and form
to endemic zoosporic aquatic fungi that likely form a key nutri-
tional component of the microfaunal plankton diet [21].

Environmental factors have been identified that covary with
the prevalence of infection and chytridiomycosis [11, 13]. Most
prominently, lower temperature regimes at higher altitudes are
associated with higher Bd infection probability [13]. Tempera-
ture may act to modify prevalence through direct and indirect
pathways, either by directly influencing host immunity and
pathogen growth rates or by indirectly influencing the activity
of microorganisms across infected sites. This goes some way
toward explaining why both prevalence of infection and mor-
tality are more common in the Pyrenees when environmental
temperatures are very low, and when laboratory estimates of
Bd growth rates and zoospore production indicate that infec-
tion should be rare [13, 22]. Environmental factors may also
explain the composition, density, and dynamics of the plank-
tonic communities across seasons [23], with sites of high Bd
prevalence being an enemy-free space for Bd, allowing the
fungus to infect suitable host species rapidly and with a high
intensity. Additional support for the generality of our findings
comes from recent studies showing that Bd-positive ponds
are more similar to each other than would be expected based
on chance [15] and that the ‘‘dilution effect’’ hypothesis may
apply to the amphibian-Bd system [24], suggesting links
between pond ecology and local-scale epidemiological
dynamics. More detailed ecological studies are now needed
to better link abiotic variables to the composition, density,
and dynamics of the planktonic communities and the outcome
of the host/pathogen dynamic.

We here show the importance of predation in controlling
infections in larvae of two amphibian species and provided
direct evidence that zoospore ingestion is the mechanism
through which infection is modified [19]. Development of
methods that facilitate natural augmentation of predatory
microorganisms as a form of Bd biocontrol may hold promise
as a field mitigation tool that lacks the downsides associated
with introducing nonnative biocontrol agents, such as the
use of antifungal chemicals or release of nonnative skin bacte-
ria into the environment, or the reliance of unpredictable envi-
ronmental temperature to ‘‘cure’’ infections [25, 26]. However,
before biocontrol can be safely attempted, additional study is
required.

Supplemental Information

Supplemental Information includes four figures, one table, and Supple-

mental Experimental Procedures and can be found with this article online

at http://dx.doi.org/10.1016/j.cub.2013.11.032.
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Supplemental data 

Figure S1. Dynamics of immotile Bd zoospores under lab conditions in water of high and 
low prevalence sites, related to Figure 1. Counts of immotile zoospores exposed to water 
from high prevalence (open filled dots) vs low prevalence sites (filled open dots). Counts for 
each water sample were standardized relative to counts at t = 0; relative counts). Controls are 
counts of immotile zoospores in treatments where distilled water was added to the culture. 
The error bars indicate the standard error of the mean across water samples in the same 
prevalence group. The asterisk indicate the significance level of the post-hoc test with * ≤ 
0.05; ** ≤  0.01; *** ≤ 0.001. 
 
 

  



Figure S2. Microfauna and reduction in viable Bd DNA in water from high and low 
prevalence sites, related to Figure 2. Mean counts of microfauna detected in water collected 
from sites with different infection histories (left panel) and the impact of water source on the 
mean viability of Bd zoospores (right panel). Viability is represented as log10 of the number of 
living zoospores detected using qPCR (genomic equivalents, GE). Error bars are standard 
errors of the mean GE or number of microfauna counts per group of sites. 
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Figure S3. Dynamics of viable Bd zoospores under lab conditions in filtered (filled dots) 
and unfiltered (open dots) water, related to Figure 1. Counts for each water sample were 
standardized relative to counts at t = 0; relative counts). Controls are counts of viable 
zoospores in treatments where distilled water was added to the culture. The error bars indicate 
the standard error of the mean across the water samples in the same treatment group. The 
asterisk indicate the significance level of the post-hoc test with * ≤ 0.05; ** ≤ 0.01; *** ≤ 
0.001. 
 

  



Figure S4. Ingestion of Bd zoospores by microfauna, related to Figures 3 and 4. Light (A 
+ C + E) and fluorescence (B + D + F) microscopy images (100x magnification) 2 hours after 
adding CFW fluorescently labeled Bd zoospores to water with either Notommatidae spp. (A + 
B), Paramecium caudatum (C + D), or P. aurelia (isolated from the Pyrenees; E + F) present. 

 

 
 



Table S1: Sample sites and use in the different experiments. Acidity (pH) and Conductivity (µS) were not significantly different between low 
and high prevalence sites (pH: U31 = 117; p = 0.584; µS: U31 = 64; p = 0.102). Log10 GE was also best explained by the count of microorganisms 
in the water, and not by acidity or conductivity following from best model selection based on an AIC (F1,23 = 11.25, p = 0.003; AIC = -41.031; 
model with count and acidity: AIC = -40.785; model with count, acidity, and conductivity: AIC = -38.817). Bd prevalence in 2012 was best 
explained by altitude only (AIC 180.765; model with pH and altitude: AIC = 181.593; model with count, pH and altitude: AIC = 182.946). 
 
Name Longitude Latitude Bd prevalence 

over several 
years 

Bd 
prevalence 

in 2012

Count log10 GE pH µS Altitude

Lac Acherito1,2,3 42.87825 -0.70920 high  (>90%) 100 0 0.633291 8.0 117 1858
Lac Ansabere1,2,3,4 42.88778 -0.70885 high  (>90%) 100 80 1.328100 8.5 121 1876
Lac du Lhurs1,2,3 42.92195 -0.70196 high  (>90%) 77 0 1.239231 8.1 133 1697
Lescun1,2,3 42.93340 -0.63746 low  (<5%) 0 0 0.478956 7.9 450 1000
Lac Puits d´Arious1,2,3,4 42.86403 -0.63343 high  (>90%) 100 50 0.305379 8.1 14 1891
Lac Arlet1,2,3,4 42.84038 -0.61500 high  (>90%) 100 30 1.549297 7.9 52 1974
Borce2 42.79622 -0.55572 low  (<5%) 0 240 1.300827 8.3 98 1333
Andouste1,3,4 43.04441 -0.36261 low  (<5%) 0 0.896113 7.8 306 1123
Lac de Paradis2 42.84915 -0.15998 low  (<5%) 0 0 0.247464 8.7 67 1620
Lac Gaube2 42.83431 -0.13952 low  (<5%) 0 115 1.096387 7.3 32 1729
Madaméte1,2,3 42.86840 0.14362 high  (>90%) 97 0 -0.000260 7.2 16 2310
Lac de Madaméte1,2,3 42.86701 0.14369 high  (>90%) 97 0 -0.031457 7.6 30 2306
Lac d´Aumar2 42.84576 0.14390 low  (<5%) 5 60 0.311590 7.2 25 2186
Les Laquettes de 
madamete1,2 

42.86342 0.14398 high  (>90%) 97 0 0.032064 7.2 16 2400

Gourg de Rabas1,2,3 42.85250 0.14500 high  (>90%) 100 0 0.051735 7.4 6 2395
Francazal4 43.01840 0.99816 low  (<5%) 0 0.546851 8.2 436 410
Pradas Lavoir1,2,3 42.97042 0.99875 low  (<5%) 0 0.233631 7.6 390 1009
Balagué1,2,3,4 42.96403 1.02503 low  (<5%) 0 0.483944 7.5 520 803
Alas1,2,3 42.94993 1.04323 low  (<5%) 0 0.486667 7.8 204 580
Etang d´Ayes1,2,3 42.84408 1.06479 low  (<5%) 0 90 1.157742 7.6 43 1681



Caumont1,2,3 43.02630 1.07247 low  (<5%) 0 0.567321 7.6 576 410
Lac de Bethmale1,2,3,4 42.86224 1.08435 low  (<5%) 0 0.708633 7.7 112 1065
Estagnon2 42.80499 1.37213 low  (<5%) 0 210 1.311571 7.3 121 1317
Lers brook1,2,3 42.80851 1.37399 low  (<5%) 0 60 0.933718 7.3 72 1267
Etang de Lers1,2,3 42.80793 1.37486 low  (<5%) 0 0 1.098308 7.2 70 1275
Arbu tourbiere2 42.80321 1.42116 low  (<5%) 0 75 1.180261 8.0 10 1391
Arbu pond2 42.81935 1.43748 low  (<5%) 0 25 0.992924 7.6 13 1729
Lac Arbu2 42.82038 1.43759 low  (<5%) 0 25 0.982115 8.0 6 1729
Soula2 42.94325 1.69603 low  (<5%) 0 45 0.969035 7.8 523 600
Plat Peyre2 42.64682 1.70218 low  (<5%) 0 90 1.159868 7.5 28 1711
Plat Peyre Barrage2 42.66732 1.70763 low  (<5%) 0 175 1.292168 7.9 28 1600
Leychart2 42.94416 1.72933 low  (<5%) 0 290 1.347218 7.2 496 609
log10 GE = reduction in viable Bd zoospore DNA; Count = counts of protozoans and metazoans; Index in first column = experiment the sample 
was used in; pH = Acidity; µS = Conductivity 
 



Supplementary Experimental Procedures 

Sample sites 

We collected water samples from the lenthic parts of 32 different amphibian breeding sites 
located in the Pyrenean Mountain range with known histories of presence of Bd in the 
sentinel amphibian host species, A. obstetricans, to experimentally examine the effect of 
water and the aquatic microbial community on the probability of infection. The majority of 
these sites (n = 23) have exhibited A. obstetricans populations with low prevalence (< 5%) or 
lack of infection (minimum sampling size = 30 individuals), and an absence of mortality in A. 
obstetricans for up to six years of field sampling, while a smaller number of populations (n = 
9; Table S1) have consistently exhibited high prevalence (usually > 90%) through time (up to 
ten years) and in most cases mass mortality of recently metamorphosed A. obstetricans over 
the same time span [13]. 

The water sampling was conducted across all sites over a one week period in 2012 to 
minimize seasonal effects. The water was sampled in 50 ml sterile culture vessels. In the 
field, the samples were cooled by gel packs and transferred to a fridge at 6oC as soon as 
possible, usually within 2hrs after sampling.  

B. dendrobatidis strain & culture conditions 

We used three different Bd-GPL isolates for experiments. We used IA043 for experiments 1 
and 3, isolated in 2005 from a dead but recently metamorphosed Alytes obstetricans collected 
from a lake in the Spanish Pyrenees, Ibon Acherito. For experiments 2, 5, 6 and 7 we used 
JEL423, kindly provided by Dr. J. Longcore and isolated from Lemur leaf frogs 
(Phyllomedusa lemur) involved in a mass mortality event at El Copé, Panama, 2004. We used 
RAB3 for experiment 4, isolated in 2011 from the mouthparts of an A. obstetricans tadpole 
sampled at the Gourg de Rabas in the French Pyrenees. All strains were grown in TGhL broth 
(JEL423: 16 g tryptone, 4 g gelatin hydrolysate, 2 g lactose per liter distilled water; IA043 
and RAB3: 10 g tryptone, 3.2 glucose and 1000 ml distilled water) in 25 cm2 flasks at 20° C 
for 5 days before use. Experimental zoospores were harvested one of two ways. TGhL agar 
plates (16 g tryptone, 4 g gelatin hydrolysate, 2 g lactose, 10 g bacteriological agar per liter 
distilled water) were inoculated with a 2 ml aliquot of 5-day-old broth culture, and incubated 
for 5 – 7 days at 20°C. Zoospores were collected by flooding each plate with 2 ml distilled 
water and washed three times in distilled water followed by centrifugation (1200 rpm, 20 °C, 
2 minutes) and resuspension. Zoospores were also harvested from broth culture by 
centrifuging 200ml of culture four times (1500 rpm, 20°C, 2 minutes). Between each 
centrifugation step, we added 10ml of distilled water to further dilute the broth medium. The 
concentration of zoospores per ml was determined by visual counts using a haemocytometer. 

Experiment 1 

We collected water samples from 9 high prevalence and 10 low prevalence sites located in 
the French Pyrenees (Table S1) and stored them at 6°C for no longer than 72 hours before 
experimental procedures. We controlled for the presence of Bd zoospores in the water before 
the experiments by microscopically analyzing 1 mL of the sampled water. In no case did we 



observe any zoospores or zoosporangia in our water samples. Additionally, we filtered 2 
liters of water in the field to test for the presence of Bd DNA in these samples, but also these 
samples were never Bd-positive. All exposures were done in a laminar flow safety cabinet 
with a Hepa14 filter. We exposed 5 mL of broth-cultured zoospores (including usually some 
immature zoosporangia) in sterile 6-well cell culture plates to 20µl of each water sample, 
replicated 3 times over different plates. Each plate included a negative control (20µl of 
commercially available purified water) and all plates were incubated for 96 hours at 18.0 +/- 
0.1 °C. From each of our replicates/wells we took 2x 15µL aliquots to estimate the relative 
number of motile and inactive intact zoospores at hours 0, 2, 6, 9, 24, 28, 33, 48, 52, 57, 72, 
76, 81, 96. For each aliquot we counted the number of motile (Fig. 1) and immotile (Fig. S1) 
intact zoospores in six haemocytometer cells each (12 cells in total per replicate) at a total 
magnification of 200X. These counts were then used to calculate the number of zoospores per 
ml following standard procedures for Malassez haemocytometers [S1]. For a given point in 
time, we obtained 6 counts per site. Counts for each water sample were standardized relative 
to counts at t = 0. Finally, we calculated the mean count per site and used this value for 
statistical analyses. 

Experiment 2 

One ml aliquots of environmental water samples (10 high prevalence sites, 15 low prevalence 
sites, Table S1) were transferred to wells of 48 well plates and we used inverted light 
microscopy (Nikon Eclipse ts100, 10 and 20x magnification) to count the microorganisms on 
the bottom of each well. We then added 200 µl of a 106 active zoospores per mL suspension 
prepared from plates inoculated with Bd strain JEL423 to each well. We measured the 
concentration of viable zoospores at t = 0 and after 24hrs using EMA-qPCR [S2] (Fig. S2). 
During qPCR and the EMA qPCR each sample was run in duplicate.  

Experiment 3 

Experiments 1 and 3 were run in parallel and shared the control. We used a similar 
experimental design as of experiment 1 using 2 replicates of water from each site but filtered 
one replicate per site through a syringe filter (Millex sterile syringe filter, 0.45 µm, Millipore) 
before exposing zoospores. The filters consisted of a mixed cellulose ester grid that were 
nontoxic, ensuring sample integrity. Filter size was selected to remove microorganism 
without removing large chemical molecules. We standardized counts of zoospores after t = 0 
for each replicate (n = 18; 8 high prevalence sites, 10 low prevalence sites) using the count at 
t = 0. 

Experiment 4 

We collected water from three high prevalence sites [(Arlet (N42.84048 W0.61483), Puits 
(N42.86403 W0.63343), Ansabère (N42.88778 W0.70885)] and three low prevalence sites 
[(Lac de Bethmale N42.86224 E1.08435), Balagué (N42.96403 E1.02503), Andouste 
(N43.04441 W0.36261)] located in the Pyrenees. Water samples (30 liters per site) were 
shielded from sunlight and kept cooled during transport and maintained at 6°C in the 
laboratory before the experiment. Tadpoles (n = 135) were collected from a population in 
Ariège (Francazal, N43.01843 E0.99809) and tested negative for Bd during the one week 



acclimatization period before the start of the experiment. Each experimental treatment (3, 
water from high prevalence sites and not heat-treated, water from low prevalence sites and 
not heat-treated and water from low prevalence sites and heat-treated for 15 min at 100 °C) 
was replicated 3 times with 5 tadpoles per replicate. Tadpoles were cohoused by replicate in 
20 cm x 30 cm aquaria containing 3 liters of treatment water, with water changed at Day 1, 
Day 5 and Day 8, just before infection. Tadpoles were randomly assigned to treatment and 
tadpoles in different treatments did not differ in body weight (mean ± s.e., high prevalence 
treatment, 1.19 ± 0.12 g; low prevalence treatment, 1.19 ± 0.12 g; low prevalence and heat-
treated treatment, 1.19 ± 0.11 g). The experiment was done in a constant temperature room 
(19°C) on 14hr:10hr light cycle (ZooMed Reptisun 2.0 fluorescent bulb). Tadpoles were fed 
twice a week with one tablet of Tetratabimin. On Day 1, Day 5 and Day 8 approximately 
900,000 Bd zoospores were added to each aquarium just after the water change and food was 
added 5 hours after exposure to minimize any effect food addition might have had on initial 
contact between zoospores and tadpoles. Tadpoles were swabbed on Day 5, Day 8 and Day 
12 before water changes and addition of zoospores. Swab samples were assayed for infection 
using the standard qPCR of Boyle et al [S3]. 

Experiment 5 

Cultures of twelve species of common freshwater protozoans and metazoans were maintained 
according to standard culture conditions for these species, and two protozoan species were 
isolated from Pyrenean water samples (Lac de Bethmale, Francazal) and maintained 
according to culture conditions for sister species. Before exposure to Bd zoospores, cultures 
were pelleted using low speed centrifugation (1200 rpm, 20° C, 2 minutes), culture media 
was removed and each pellet resuspended in an equal volume of distilled water. Cultures 
were split (10 mL each) into filtered (5µm syringe filter, microorganism free solution) and 
unfiltered (approx. 500 microorganisms/mL) solutions, 1 ml of each was transferred to 
individual wells of 48 well plates and 200 µl of a zoospore suspension containing 
approximately 106 Bd was added to each well. Reduction of zoospore viability was calculated 
as the difference in the number of viable zoospores, estimated using EMA qPCR, between the 
filtered and unfiltered solutions (Fig. 3). The ability of each microorganism to reduce 
zoospore viability was tested 3 times. 

Experiment 6 

We labeled Bd zoospores with Calcofluor White (CFW; C40H44N12O10S2, fluorescent 
brightener 28, Sigma-Aldrich Inc., Bornem, Belgium) using a stock solution (35 mg of CFW 
in 10 ml of sterile distilled water) diluted to a final concentration of 1% (v/v). This 
concentration has been used previously to selectively label other members of the Chytridiales 
[S4]. Thirty minutes after adding CFW to a Bd zoospore suspension containing 
approximately 105 zoospores per ml we pelleted the suspension using low-speed 
centrifugation (1200 rpm, 20 °C, 2 minutes) and re-suspended the resulting pellet in 10 mL of 
distilled water. We first examined 25 µl of the labeled Bd solution visually with an 
epifluorescence microscope equipped with a 340 to 380 nm filter (100 X magnification) and 
observed fluorescently labeled and viable zoospores. We attempted CFW labeling of six of 
the microorganisms from Exp. 5 [Paramecium caudatum, Notommatidae spp. (strong 



reduction in zoospore viability), Dileptus anser and Stentor coeruleus (little or no reduction 
in zoospore viability), P. aurelia and L. stichaea (originating from Pyrenean water samples)] 
following the same protocol and did not observe any evidence of autofluorescence, but did 
observe evidence of labeling of mouthparts of Notommatidae spp. (Fig. S4A, B) and L. 
stichaea. We then exposed 1 mL solutions of these six organisms for 2 hours at 20° C to 1 
mL solution of labeled zoospores. Evidence of ingestion of Bd was observed by direct 
epifluorescence microscopy (Fig. S4). Labeled Notommatidae spp. and L. stichaea 
mouthparts did not obscure ingested zoospores. 

Experiment 7 

We determined the difference in infection rate and infection intensity of Discoglossus 
scovazzi in the presence of P. caudatum, Notommatidae spp., P. aurelia originating from a 
Pyrenean site, or without microbiota. We conducted two experiments, one with P. caudatum 
and Notommatidae spp. (Exp. 7A), and one with P. aurelia (Exp. 7B) later in time. Forty-five 
(120 for Exp. 7B) 7-day-old D. scovazzi larvae (Gosner stages 26 – 30), provided through the 
captive breeding colony in the Department of Pathology, Bacteriology and Avian Diseases, 
Faculty of Veterinary Medicine, Ghent University, were housed together for 7 days in a 6 l 
plastic container containing 3 l (4 l for Exp. 7B) of aged tap water prior to the infection 
experiment. Both before and after the start of the experiment, larvae were kept at 20 °C on a 
natural, 16hr:8hr light/dark cycle and fed commercial fish flakes (TetraMin by Tetra) daily ad 
libitum. Water was 2/3 changed every other day. For experiment 7A, on day 1 of the infection 
trial 5 tadpoles were randomly allocated to each of 9 plastic containers containing 200 ml of 
aged tap water. Replicates (containers) were assigned to one of three treatments (3 containers 
per treatment): water containing approximately 10 P. caudatum per mL of container water, 
water containing approximately 10 Notommatidae spec. per mL of container water, or water 
free of microbiota (control). For experiment 7B, on day 1 of the infection trial 20 tadpoles 
were randomly allocated to each of 6 plastic containers containing 500 ml of aged tap water. 
Replicates (containers) were assigned to one of two treatments (3 containers per treatment): 
water containing approximately 10 P. aurelia per mL of container water or water free of 
microbiota (control). In both experiments, microbiota were replenished after water changes 
(Day 2, 4 and 6) on Days 3 and 5, and Bd zoospores were added at Day 1, 3 and 5 to every 
container to a final concentration of 1000 Bd zoospores per ml. All larvae were euthanized on 
Day 7 of the infection trial by an overdose of benzocaine. Mouthparts were excised, stored in 
70% ethanol and screened for infection with Bd following extraction [S5] and qPCR [S3]. 

Statistical analyses 

Statistical analyses were performed using SAS 9.1.3 (Cary, USA). In experiments 1 and 3, 
we explored how source of water (infected vs uninfected sites or filtered vs unfiltered), day of 
zoospore counting and the interaction between the two (all fixed factors) affected the number 
of viable zoospores using generalized linear mixed models (GLMMs, proc glimmix). We did 
run the statistical analysis on the means per site to avoid difficulties due to repeated sampling 
and double counting of samples. We examined the effect of the number of protozoans and 
metazoans on zoospore viability in experiment 2 using a generalized linear model (GLM, 
proc genmod) with a Poisson distribution of error terms (link function: log), the number of 
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